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Survival and Inoculum Production of Gibberella zeae in Wheat Residue 
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A. L. Sims, Department of Soil, Water and Climate, University of Minnesota, Northwest Research and Outreach 
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Fusarium head blight (FHB or scab), is 
an important disease of wheat and barley 
worldwide (27,43). The disease has be-
come a major problem in the United States 
over the past decade, resulting in devastat-
ing losses to growers. FHB causes signifi-
cant reductions of grain yield and quality, 
partly through the production of mycotox-
ins, especially trichothecenes, that are 
toxic to both humans and animals (4). 
Some of the proposed causes for the in-
crease in FHB in the United States have 
been wet weather, particularly at and after 
anthesis, the widespread use of susceptible 
wheat cultivars, and a nationwide increase 
in conservation tillage practices (11,28). 

The main pathogen associated with FHB 
in the Upper Midwest of the United States 
is Fusarium graminearum (Schwabe) 
(teleomorph Gibberella zeae (Schwein.) 
Petch; 44). F. graminearum survives sapro-
phytically on crop residues such as corn, 
small grain cereals (39,42,43,45), and nu-

merous grasses (37). Ascospores released 
from perithecia in crop residues located on 
the soil surface represent the primary inocu-
lum for the disease (39). In the northern 
regions of North America, perithecia form 
during late spring or early summer and 
ejected ascospores can be deposited on 
wheat spikes at flowering (2,14,36). 

FHB management practices include crop 
rotation with nonsusceptible hosts and 
incorporation of infested crop residues 
(19,20,27,43). Effective crop rotations 
provide sufficient time for the pathogen 
population to decrease in the absence of a 
host (9,40). Rotations away from corn, 
wheat, and barley have been shown to 
reduce FHB levels in subsequent wheat 
crops (12,35,39). Soil incorporation of 
residue promotes straw decomposition and 
reduces primary inoculum (4,10,35,39) by 
preventing inoculum development and 
dispersal (22). 

In the United States, legislation man-
dates that growers retain at least 30% of 
residue cover at crop emergence on land 
classified as prone to soil erosion (3). In 
the Red River Valley of Minnesota, North 
Dakota, South Dakota, and the Canadian 
province of Manitoba, a significant in-
crease in conservation tillage practices in 
the last 20 years has resulted in greater 
amounts of crop residues on the soil sur-
face (28). The adoption of reduced-tillage 
systems has raised concerns over the role 
of crop residues in the FHB epidemics that 
devastated this region during the 1990s. 

Research on the long-term survival of G. 
zeae in association with wheat residue is 
scarce (22). In order to establish appro-
priate cultural practices for the manage-
ment of FHB, further studies are needed to 
understand the role of crop residues in the 
survival and production of inoculum of G. 
zeae. 

The objective of this study was to deter-
mine the relationship between the decom-
position of residues from spring wheat 
crops and the survival and inoculum pro-
duction of G. zeae and thus facilitate the 
development of management strategies for 
Fusarium-infested residues.  

MATERIALS AND METHODS 
Residue of the hard red spring wheat cv. 

Russ from a commercial wheat crop was 
used to determine the survival and asco-
spore production of G. zeae. Stem sections 
24 cm long, consisting of nodes, inter-
nodes, and leaf sheaths, were arbitrarily 
selected and placed in 15-by-45-cm fiber-
glass mesh (1- to 1.5-mm openings) bags. 
Each bag contained 20 g of residue (ap-
proximately 60 to 70 pieces), equivalent to 
2,857 kg of residue per hectare based on 
the surface area of the bag. Six hundred 
bags were used in the study. The residue 
was highly infested with G. zeae (96% of 
nodes were colonized) at the time the ex-
periment was initiated. 

Treatments were established for studies 
of residue decomposition and G. zeae sur-
vival and ascospore production. Bags of 
residue were placed in the field in October 
1997 at the Northwest Research and Out-
reach Center, Crookston, MN, in a Wheat-
ville very fine sandy loam soil (coarse silty 
over clayey, frigid aeric calciquoll, 3 to 
3.5% organic matter, pH 8, with 0 to 2% 
slope) at various depths in two tillage 
treatments. The experimental design was 
an incomplete split plot with five replica-
tions, where the main plots were the tillage 
treatments (chisel plow and moldboard 
plow) and the subplots were different resi-
due placement depths (surface, 7.5 to 10 
cm, and 15 to 20 cm). 

Prior to implementing the tillage treat-
ments, the previous wheat crop residue 
was clipped by a forage harvester 4 to 6 
cm from the soil surface, blown into a 
trailer, and removed from the plot area. 
Chisel-plow treatments were plowed in the 
fall using a John Deere chisel plow (model 
100, 3.7-m-wide plow with 7.5-cm-wide 
chisel points with twisted spikes and a 30-
cm shank spacing; Deere and Company, 
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Moline, IL). The plow depth was 20 cm 
and bags were placed in the furrow made 
by the chisel. Plots were placed at 1.5-m 
centers, parallel to the direction of plow-
ing. In each plot, subplots were at three 
soil depths: soil surface (CPS), 7.5 to 10 
cm (CP7.5), and 15 to 20 cm (CP15). Sub-
plots within each plot were placed 45 cm 
apart. In the moldboard-plow treatments, a 
moldboard plow (Case International, East 
Moline, IL), with five bottom tines spaced 
at 36.6-cm centers, was used to make fur-
rows 15 to 20 cm deep. Bags (MP15) were 
placed individually at 1.5-m intervals (15 
bags per strip) at a depth of 15 to 20 cm in 
the furrow, then buried with a subsequent 
pass of the plow. Each bag contained a 
plastic vial with an identification number 
for future collection. The locations where 
bags were buried were marked with plastic 
flags. Nitrogen fertilizer was broadcast on 
the surface of all plots at 67 kg ha–1 as 
NH4NO3, following both the tillage opera-
tions and placement of residue. 

Air temperature, rainfall, and relative 
humidity data were collected by a weather 
station at the site throughout the experi-
ment. Soil moisture and temperature were 
monitored from April 1998 through the 
duration of the experiment using a CR23X 
micrologger with CS615-L soil moisture 
sensors and 107-L soil temperature sensors 
(Campbell Scientific, Logan, UT). Mois-
ture was not recorded on the soil surface 
(CPS). Temperature and moisture were 
monitored at four locations within the plot 
site; two in the chisel-plowed treatments 
and two in the moldboard-plowed treat-
ments. Soil temperature sensors were 
placed 4, 10, and 20 cm below the soil 
surface, and moisture sensors were placed 
at 10 and 20 cm. 

Two bags of residue were collected from 
each replicate of each treatment (CPS, 
CP7.5, CP15, and MP15) at every sam-
pling time (collection dates were 21 April, 
20 May, 16 June, 15 July, 11 August, 8 
September, 8 October, and 3 November 
1998; 28 April, 26 May, 7 July, 25 August, 
and 20 October 1999; and 26 April and 11 
August 2000). The bags collected at each 
sampling period were arbitrarily divided 
into two sets, each consisting of 20 bags 
composed of one bag of each treatment per 
replicate. The last two sampling dates 
(2000) were not included in the statistical 
analysis due to the small amount of residue 
recovered. Following the recovery of resi-
due samples, the samples from one set 
were evaluated for residue decomposition 
and residue biochemical composition, and 
the samples from the second set were 
evaluated for G. zeae survival and asco-
spore production. 

The set of residue bags collected to 
evaluate residue decomposition and resi-
due biochemical composition were 
washed, in the bags, with tap water to re-
move adhered soil, dried at 25°C for 24 h, 
and washed again with tap water for ap-

proximately 30 s and dried at 60°C for 
approximately 48 h until no further weight 
change was observed. Residue then was 
removed from the bags and weighed. Resi-
due decomposition was expressed as dry 
matter loss based on the 20 g of residue 
initially placed in the bag. Biochemical 
composition of the residue was determined 
by gravimetric procedures according to 
Harper and Lynch (17). Biochemical com-
ponents determined were soluble compo-
nents, hemicellulose, cellulose, lignin, and 
ash content. 

The second set of residue bags was used 
to evaluate survival of G. zeae and asco-
spore production. Bags were manually 
shaken to remove loose soil and air dried at 
25°C for approximately 24 h. Thirty nodes 
were arbitrarily selected from each bag and 
excised from the stem tissue. Each excised 
node consisted of a 1.5-cm-long stem 
piece including a single node. Nodes were 
sampled because they represent the struc-
tures most resistant to decomposition. The 
nodes were surface disinfected in a 0.5% 
sodium hypochlorite solution for 1 min, 
rinsed three times in sterile distilled water, 
and blotted dry on sterile filter paper. 
Nodes were placed on pentachloroni-
trobenzene (PCNB) agar medium (15 g of 
peptone, 1 g of KH2PO4, 0.5 g of MgSO4, 
1 g of Terraclor [75% PCNB, wt/wt], 15 g 
of agar, 0.24 g of neomycin sulfate, and 1 
g of streptomycin sulfate per liter of deion-
ized water) (30) in 9-cm-diameter plastic 
petri dishes (10 nodes per plate and three 
plates per sample) and incubated at 20 to 
22°C with 12-h light and dark cycles pro-
vided by a 1:1 combination of cool-white 
(F40/CWX/CVP; Sylvania, St. Marys, PA) 
and blacklight (UVA, F40BL; GE lighting, 
Fairfield, CT) fluorescent lights for 7 days. 
Colonies growing with salmon to pink-
white mycelium were recorded as Fusa-
rium spp. G. zeae colonies were deter-
mined by transferring 10 arbitrarily se-
lected Fusarium spp. colonies per sample 
(50 colonies per treatment) to carnation 
leaf-piece agar (CLA) medium (three to 
five sterile carnation leaf pieces [5 to 7 mm 
in diameter] per 2 ml of 1.5% water agar) 
(15) and potato dextrose agar (PDA). Cul-
tures were incubated at 20 to 22°C with 
12-h light and dark cycles for 10 days. 
Bluish to black perithecia formation indi-
cated the presence of G. zeae isolates. 
Fusarium colonies not forming perithecia 
were identified to species according to the 
procedures of Nelson et al. (31) and Bur-
gess et al. (8). 

Ascospore production of G. zeae was 
determined on residue sampled on 21 
April, 20 May, 15 July, 8 September, and 3 
November 1998 and 28 April, 26 May, 7 
July, 25 August, and 20 October 1999. 
Testing ascospore production at all dates 
was not possible due to limited resources. 
In 1998 (April, May, July, and September 
samples), 24 nodes obtained from the resi-
due of each sample were surface disin-

fected with 0.5% sodium hypochlorite for 
1 min, rinsed three times in distilled water, 
and placed on the surface of sterile sand 
(150 g) moistened with sterile distilled 
water (20 g) in polycarbonate tissue-cul-
ture boxes (109 by 109 by 96 mm, model 
700-534; LifeGuard, Rehovot, Israel) fitted 
with polycarbonate microporous vented 
lids to prevent water condensation (model 
750-547; LifeGuard). Eight nodes were 
placed on the sand surface in each box 
with three boxes per sample. To facilitate 
the development of mature perithecia, 
nodes were incubated at 20 to 22°C under 
12-h light and dark cycles for 21 days, 
which had been identified as the appropri-
ate time for perithecia and mature asco-
spore production under optimal environ-
mental conditions (37). Gross box weight 
was checked every 4 to 5 days and sterile 
distilled water was added as necessary to 
maintain the original weight. Following the 
21 day incubation, a microscope slide (2 
by 6.9 cm), coated on one side with a thin 
layer of silicone grease (Sampling Tech-
nologies Inc., Minnetonka, MN) was sus-
pended in each box 2 cm above the residue 
for 24 h with the greased side down. The 
slides then were removed from the boxes 
and stored at 4°C until evaluated. Asco-
spores on each slide were counted and the 
number of ascospores per square centime-
ter was calculated. 

Due to the reduction in the number of 
nodes recovered in November 1998 and 
subsequent sampling times, as well as high 
variability (within-treatment error) ob-
tained in the 1998 results, a different pro-
cedure was used for determining ascospore 
production after September 1998. A uni-
form weight of nodes (1.5-cm-long stem 
pieces, each including a single node) was 
examined from each treatment at a given 
sampling time. The weight of nodes was 
determined by the limiting treatment (con-
taining the least recovered node tissue) for 
a given sampling date. Nodes were surface 
disinfected and incubated on sterile sand 
media as described previously. Nodes with 
mature perithecia were placed in a solution 
of sterile distilled water and polyoxyethyl-
ene 20-sorbitan monolaurate (Tween 20; 
Fisher Scientific, Fair Lawn, NJ). The 
dilution ratio used was 1 g of residue to 20 
ml of water to 1 drop of Tween 20. Nodes 
were left in the solution for 10 h to allow 
ascospore discharge and then vigorously 
shaken for 10 min. Three aliquots of 1.0 
ml of the wash solution were obtained 
from each treatment and ascospore con-
centration was determined by counting 
ascospores in a known volume (0.03 ml) of 
the suspension. Spores were counted under 
a compound microscope and expressed as 
ascospore number per gram of residue. 

A pathogenicity test was conducted with 
eight isolates of G. zeae recovered in the 
August 1999 sampling in order to deter-
mine the ability of the ascospores recov-
ered from cultures to induce disease in 
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wheat spikes. Ascospores of G. zeae were 
obtained from cultures on CLA. Two iso-
lates were recovered from each of the 
chisel-plowed treatments (surface, 7.5- to 
10-cm depth, and 15- to 20-cm depth) and 
the moldboard-plowed treatment. Asco-
spores from isolate Butte86/ADA-11, 
which was characterized by Evans et al. 
(13) as being pathogenic, were used as a 
control. A noninoculated control treated 
with sterile distilled water also was exam-
ined. 

Pathogenicity tests were conducted on 
the FHB-susceptible wheat cv. Norm. Two 
plants were grown in 13-cm-diameter clay 
pot in a soilless potting mix (Metromix 
200; Scotts, Marysville, OH) in the green-
house. Plants were maintained at 20 to 
25°C with alternating 12-h light and dark 
periods. The plants were fertilized with 18-
18-18 N-P-K (Osmocote; Scotts) at the 
three- to four-leaf stage. Plants were inocu-
lated immediately after anthesis (Feekes 
growth stage 10.5) (25). Two spikes per 
pot (replicate) and five replicates per iso-
late were point inoculated with 0.01 ml of 
inoculum suspension (2.5 × 104 asco-
spores/ml). The inoculum was placed in-
side a spikelet, centrally located on the 
spike, with a microsyringe (Hamilton 
model 80830 attached to a Hamilton 
PB600 repeating dispenser model 83700; 
Hamilton Co., Reno, NV), without punc-
turing floret tissues. Plants were incubated 
in a dew chamber at 20 to 22°C with 12-h 
photoperiod and 100% relative humidity 
for 72 h. Plants then were returned to the 
greenhouse bench. Disease severity was 

evaluated 14 days after inoculation and 
expressed as the percentage of sympto-
matic spikelets per spike. 

Residue decomposition, survival of G. 
zeae, ascospore production, and patho-
genicity data were subjected to analyses of 
variance (Proc. GLM). Where the F test 
was significant, the treatments means were 
compared using least significant differ-
ences (LSD) at P = 0.05 (SAS Institute, 
Cary, NC; 38). The relationship between 
percentage of nodes colonized by G. zeae 
and duration of exposure in the field for 
the periods characterizing the distinct sea-
sons in Minnesota each year (April to July, 
July to October, and October to April) was 
tested by linear regression analysis (SAS 
Institute; 38). Relationships between resi-
due decomposition and survival data and 
survival and ascospore production data 
were tested using Pearson correlation coef-
ficients (Statistix, Tallahassee, FL; 1).  

RESULTS 
Mean soil temperatures from July to 

September 1998 and October to December 
1998 were 21.6 and 5.8°C, respectively. 
The mean soil temperature from April to 
June 1999 was 9.2°C and from July to 
September 1999 was 19.8°C. Variations in 
soil temperatures near the soil surface were 
more extreme than at 7.5 and 15 cm deep 
(data not presented). 

Mean soil moisture from June 1998 to 
September 1998 was 0.29 ml cm–3. Soil 
moisture was not recorded from early No-
vember to mid-March, when the soil was 
frozen. Mean soil moisture from April 

1999 to June 1999 and July 1999 to Octo-
ber 1999 was 0.30 and 0.33 ml cm–3, re-
spectively. The high soil moisture in spring 
and summer was coincident with the pre-
cipitation registered at this time of the 
year. Soil moisture generally was greater in 
MP15 compared with CP7.5 and CP15. 

The dry weight of wheat residue was 
significantly reduced in all treatments over 
the 24 months when samples were recov-
ered. Residue decomposed faster in the 
first year (October 1997 to October 1998) 
compared with the second year (October 
1998 to October 1999) (Fig. 1). For all 
treatments, remaining dry matter averaged 
30.5% in October 1998 and 7.1% in Octo-
ber 1999. During the spring and summer 
months, residue generally decomposed 
faster, especially in the first year, than in 
the winter months, when residue decompo-
sition was minimal (Fig. 1). 

The percentage of dry matter of residue 
on the soil surface and buried residue were 
significantly different (P = 0.001) for indi-
vidual sampling times. Buried residue 
(treatments CP7.5, CP15, and MP15) de-
composed more quickly and completely 
(Fig. 1). Surface residue decomposition 
was more moderate and nodes were recov-
ered at the end of the sampling period 
(April 2000). Of the residue studied, 99% 
decomposed by October 1999, 24 months 
after the burial of residue, but only 75% of 
the residue on the soil surface had decom-
posed by the same time. Complete visual 
decomposition of buried residue occurred 
by April 2000, while complete decomposi-
tion of residue on the soil surface occurred 
by August 2000 (data not presented). De-
composition rates between plots chisel 
plowed at the 15- to 20-cm depth and 
moldboard-plowed plots were significantly 
different only at the July 1998, September 
1998, and October 1998 sampling dates. 

Chemical composition (soluble compo-
nents, lignin, hemicellulose, cellulose, and 
ash) changed as the residue decomposed. 
All components fluctuated more in residue 
on the soil surface (CPS) than in the buried 
residue (CP7.5, CP15, and MP15). The 
percentage of soluble components in the 
residue on the soil surface increased sig-
nificantly (P = 0.0001) from 9.9% at the 
beginning of the sampling period (April 
1998) to 11.8% at the end of the sampling 
period (October 1999). Soluble compo-
nents of all buried residue treatments de-
creased significantly (P = 0.0001) over 24 
months from 10.1 to 7.5, 9.3 to 7.4, and 
8.6 to 7.1% in CP7.5, CP15, and MP15, 
respectively. At the initial sampling times 
(April and May 1998), residue across all 
treatments contained a greater proportion 
of hemicellulose and cellulose compared 
with other components (soluble compo-
nents, lignin, and ash). Hemicellulose con-
tent significantly decreased (P = 0.0001) in 
CPS from 29.3 to 15.8% over the 24 
months of the study. Hemicellulose content 
decreased significantly, from 28.8 to 

 

Fig. 1. Dry matter of wheat residue recovered from four tillage and residue placement treatments
expressed as a percentage of the original sample ( , chisel plow with residue on the soil surface; , 
chisel plow with residue buried at 7.5 cm; , chisel plow with residue buried at 15 cm; and F, mold-
board plow with residue buried at 15 cm) over 24 months. Residue was placed in the field in October
1997. Values represent means of five replicates. Vertical bars represent standard deviations of the
means.  
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23.8% in CP7.5 (P = 0.0001), 29.4 to 
23.8% in CP15 (P = 0.05), and 29.7 to 
24.9% in MP15 (P = 0.001). Cellulose 
content decreased significantly (P = 
0.0001) in the CPS treatment, by 22.5% 
over 24 months. Cellulose content de-
creased significantly (P = 0.0001) in CP7.5 
(7.5%) and in CP15 (9.3%) over the 24 
months. There was no significant change 
in the cellulose content in the MP15 treat-
ment. The percentage of lignin increased 
significantly (P = 0.0001) over time in 
each treatment. The increase in lignin con-
tent of residue on the soil surface was less 
than that in other treatments. Twenty-four 
months after trial initiation, lignin was the 
predominant component of the residue in 
all treatments, except in CPS, where ash 
(36.7%) was the principal component. 

During 2 years of sampling, G. zeae was 
isolated from wheat residue at all sampling 
times from all treatments (Fig. 2). Recov-
ery of G. zeae from nodes of wheat residue 
decreased over time. Colonization of resi-
due by G. zeae was significantly reduced 
(P = 0.001) after residue had been buried 
in the field for 8 months. The percentage 
of nodes colonized by G. zeae decreased 
most rapidly between the months of May 
and August in both years (Fig. 2). 

Colonization of the residue by G. zeae 
was significantly (P = 0.001) influenced by 
burial of residue. Twenty-four months after 
the initiation of the trial (October 1999), 
nodes from the soil surface treatment had 
twice the colonization level (38.5%) of 
buried nodes (15.6 to 18.2%). In April 
2000, 23% of the nodes from the soil sur-
face treatment were still colonized by G. 
zeae (data not presented). 

Analysis of the relationship between the 
percentage of colonized nodes and the 
duration of exposure in the field indicated 
that the rate of decline for nodes infected 
with G. zeae slope (slope; b) in the CPS 
residue treatment was –0.102. The rate of 
decline for residue left on the surface was 
significantly less (P = 0.001) than for bur-
ied residues (CP7.5, –0.113; CP15, –0.109; 
and MP15, –0.111). In all treatments, the 
level of colonization of residues by G. zeae 
over time differed during the year. In both 
1998 and 1999 during the spring and mid-
summer months (April to July), the rate of 
decline of G. zeae in residue in all treat-
ments was greater (P = 0.05) than during 
the rest of the year. The lowest rates of 
decline were obtained during the periods 
from July 1998 to October 1998 and Octo-
ber 1998 to April 1999. 

Although there was a decrease in the 
number of nodes infested with G. zeae 
over time, the number of nodes infested 
with Fusarium spp. overall remained 
greater than 80%. F. graminearum (G. 
zeae) declined more slowly in residue on 
the soil surface (Fig. 3A) than in buried 
residue (Fig. 3B). Other species of Fusa-
rium recovered from the node pieces in-
cluded F. culmorum (W.m G. Sm.) Sacc., F. 

sambucinum Fuckel, F. equiseti (Corda) 
Sacc. sensu Gordon, F. acuminatum Ellis 
& Everh. sensu Gordon, F. sporotri-
chioides Sherb., F. poae (Peck) Wollen-
web., F. subglutinans (Wollenweb. & Re-
inking) P. E. Nelson, T. A. Tousson & 
Marasas comb. nov., F. verticillioides 
(Sacc.) Nirnberg, F. avenaceum (Fr.:Fr.) 
Sacc., F. semitectum Berk. & Ravenel, F. 
oxysporum Schlechtend. emend. W. C. Sny-
der & H. N. Hans., and F. solani (Mart.) 
Appel & Wollenweb. emend. W. C. Snyder 
& H. N. Hans.(Fig. 3). F. equiseti and F. 
sporotrichioides were recovered at all 
sampling times and were the most fre-
quently isolated Fusarium spp. other than 
F. graminearum. Although the proportion 
of nodes from which F. graminearum was 
recovered decreased over time, the propor-
tion of nodes from which F. equiseti, F. 
sporotrichioides, F. oxysporum, and F. 
solani were recovered increased over time. 
F. culmorum was recovered only at the 
beginning of the sampling period (April 
and May 1998) and at a low frequency 
(<5%). F. poae was recovered only in April 
and September 1998, and also at low fre-
quencies (<3%). F. semitectum, F. ox-
ysporum, and F. solani generally were 
recovered in greater frequencies from bur-
ied residue samples (Fig. 3). 

The relationship between decomposition 
of wheat residue and recovery of G. zeae 
from nodes was highly significant (r = 
0.72; P = 0.001) (Fig. 4), indicating that, 
as residue decomposed, G. zeae was recov-
ered less. Toward the end of the study, 

especially in treatments where residue was 
buried, nodes were not recovered from the 
bags used to determine residue decomposi-
tion and biochemical composition, but still 
were recovered from the bags used for G. 
zeae survival determinations. This gener-
ated a few data points where it appears that 
G. zeae was recovered from a dry weight 
of zero percent (Fig. 4). 

Residue supported G. zeae perithecial 
formation and subsequent production of 
mature ascospores under the temperature, 
moisture, and light conditions of this study 
(Table 1). The data for ascospore recovery 
was highly variable and did not allow the 
detection of differences within many of the 
sampling dates. Except for CPS, all treat-
ments showed a gradual decline in asco-
spore production within the first year. The 
rate of decline of ascospore counts from 
residue infested with G. zeae differed sig-
nificantly (P = 0.05) among the treatments 
over time. In the first year of sampling 
(October 1997 to September 1998), after 
the residue had been placed in the field for 
11 months, ascospore counts in buried 
residue declined by less than 50% of the 
original counts (October 1997) (Table 1). 

During the second year (November 1998 
to October 1999), the number of asco-
spores recovered per gram of residue from 
each treatment fluctuated considerably. 
Comparisons could not be made between 
the number of ascospores from the first 
and second years due to changes in recov-
ery methods. Residue remaining following 
the analysis of the April 1998 sampling 

 

Fig. 2. Percentage of wheat nodes from which Gibberella zeae was recovered in four tillage and resi-
due placement treatments ( , chisel plow with residue on the soil surface; , chisel plow with residue 
buried at 7.5 cm; , chisel plow with residue buried at 15 cm; and F, moldboard plow with residue 
buried at 15 cm) over 24 months. Residue was placed in the field in October 1997. Values represent
means of five replicates, except for August 1999, where the chisel plow at 7.5 cm and moldboard plow 
at 15 cm treatments had four replicates, and October 1999, where the chisel plow at 7.5 cm, chisel
plow at 15 cm, and moldboard plow at 15 cm treatments had three replicates. Vertical bars represent
standard deviations of the means.  
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was retained and analyzed with the dilu-
tion method in order to have a reference 
(Table 1). In 1999, the number of asco-
spores recovered per gram of residue was 
significantly different among treatments (P 
= 0.0339) and among sampling dates (P = 
0.0001). The highest numbers of asco-
spores were recorded in the second year of 
the study from residue at the soil surface 
(CPS) and from residue buried at 15 cm in 
the moldboard plowed plots (MP15) in 
May 1999. In both years, the maximum 
ascospore production generally was ob-
served in the April and May samplings. 
After the residue had been in the field for 
22 to 24 months, the number of ascospores 
recovered was greatly reduced (Table 1). 

For the first year of sampling (April to 
September of 1998), the relationship be-
tween recovery of G. zeae from nodes and 
recovery of ascospores on silicone-greased 
slides was significant (P = 0.04, correla-
tion coefficient = 0.52). The relationship 
between recovery of G. zeae from nodes 
and recovery of ascospores by dilution in 
the second year of the study (November 
1998 to October 1999) was not significant. 

The isolates of G. zeae recovered from 
the residue sampled in August 1999 were 
tested for pathogenicity. All isolates in-
duced disease on wheat spikes of the sus-
ceptible wheat cv. Norm. Disease symp-
toms 1 to 3 days after inoculation were 
water-soaked, brown spots on the inocu-
lated spikelets. Symptoms spread during 
the following 2 weeks. Salmon-pink hy-
phae, sporodochia, and premature bleach-
ing could be observed on the symptomatic 
glumes 14 days after inoculation. Control 
spikes injected with sterile water did not 
show disease symptoms. The range in 
aggressiveness among recovered isolates 
of G. zeae, as indicated by the range in 
disease severities (percentage of sympto-
matic spikelets per spike), was 40 to 94% 
at 14 days after inoculation. Isolate 
Butte86/ADA-11 had 56% severity.  

DISCUSSION 
Results of this study indicate that G. 

zeae can survive and produce ascospores 
on wheat residue in the field for at least 2 
years after harvest. This indicates that 
wheat residue can be a long-term source of 
G. zeae inoculum. The reduction in the 
colonization of residues by G. zeae over 
the 2 years of this study was positively 
correlated to the reduction in the amount 
of residue by decomposition. Burial of 
residue contributes to greater microbial 
activity that accelerates decomposition 
(34). Reduced recovery of G. zeae follow-
ing the burial of Fusarium-infested resi-
dues is in agreement with the findings of 
earlier studies (7,22,40). 

G. zeae was the most prevalent Fusa-
rium sp. isolated from residue during the 
first year of this study. Recovery of G. zeae 
declined over time in all residue placement 
treatments, whereas the proportion of other 

 

Fig. 3. Proportion of Fusarium spp. (F. graminearum [Gibberella zeae], F. equiseti, F. sporotrichioides, F. 
oxysporum, F. solani, and others) recovered from wheat node pieces placed in the field in October 1997 and
collected from April 1998 to October 1999. Data is shown for two tillage and residue placement treatments: 
A, chisel-plowed residues left on the soil surface (CPS) and B, chisel-plowed residues buried at 15 cm 
(CP15). Values represent means of five replicates. Other Fusarium spp. included F. culmorum, F. sam-
bucinum, F. acuminatum, F. poae, F. subglutinans, F. verticillioides, F. avenaceum, and F. semitectum.  

 

Fig. 4. Relationship between wheat residue dry weight (%) recovered from four tillage and residue
placement treatments and the colonization of nodes by Gibberella zeae (%). 
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Fusarium spp. increased. This suggests 
that species of Fusarium other than G. 
zeae, whether already colonizing the resi-
due, such as F. poae, or present in the ad-
jacent soil, like F. oxysporum and F. solani, 
may be more effective colonizers of par-
tially decomposed wheat residues. G. zeae 
has the ability to rapidly colonize senesc-
ing plant tissue and likely benefits from the 
ability to colonize wheat residues as a 
pathogen prior to the arrival of sapro-
phytes. Species such as F. equiseti, F. ox-
ysporum, F. solani, and F. sporotrichioides, 
which increased in prevalence over time in 
this study, have been reported to have a 
greater saprophytic ability than F. 
graminearum (6,16,21,32). F. equiseti, F. 
oxysporum, F. solani, and F. sporotri-
chioides are highly competent saprophytes 
in the residue and soil environment 
(16,33), but not aggressive pathogens of 
small grains and, thus, are unlikely to de-
pend on pathogenesis to survive. 

F. equiseti exists both free in the soil and 
in association with organic residues, in-
cluding wheat (6,8), whereas both F. ox-
ysporum and F. solani form chlamy-
dospores and are considered well adapted 
to long-term survival in soil (5,6,31). F. 
oxysporum, F. solani, and F. equiseti have 
been reported as dominant species in prai-
rie and corn field soils in southern Minne-
sota (45). G. zeae is the most prevalent 
Fusarium sp. recovered from wheat spikes 
at anthesis, although other species, such as 
F. poae, F. verticillioides, F. sporotri-
chioides, and F. equiseti, also may be read-
ily recovered (26). 

Soil moisture and soil temperature can 
affect the rate of residue decomposition 
and the subsequent survival of the patho-
gens, as reported by Parr and Papendick 
(34). In all treatments of this study, the 
survival of G. zeae decreased most rap-
idly between April and July each year. 
Decline in the survival of G. zeae ob-
served during summer months may corre-
spond to a period of rapid residue decom-
position observed under warm, wet soil 
conditions. Conversely, little decomposi-
tion occurred during winter, when soil 
temperatures limited microbial degrada-
tion of residues. These conditions also 
may favor microorganisms that compete 
with G. zeae. Soil moisture and tempera-
ture also have been reported to alter the 
inoculum potential of G. zeae and the 
populations of fungal species common in 
wheat residues (16). 

Biochemical composition of residue 
may have affected the rate of residue de-
composition. The rate of residue decompo-
sition is known to decrease as the car-
bon:nitrogen ratio increases (24). Wheat 
residues generally have a higher car-
bon:nitrogen ratio at harvest than many 
other crops (41). Due to the low levels of 
nitrogen and other nutrients essential for 
microbial activity, the decomposition of 
wheat residue tends to be slower than other 

crops (34). The addition of nitrogen fertil-
izer has been reported to accelerate the 
decomposition of wheat residue (16,42). 
Preliminary results (A. Sims, unpublished 
data) in the comparison between the de-
composition rates of nitrogen-fertilized 
and nonfertilized wheat residues have 
shown decomposition to be slightly faster 
in fertilized than in nonfertilized treat-
ments. How fertilization and other prac-
tices influence residue decomposition and 
impact the survival of G. zeae needs fur-
ther investigation. 

The biochemical composition of resi-
dues likely may influence the survival of 
G. zeae and the frequency by which the 
different Fusarium spp. are recovered from 
residues. Initial colonization of plant resi-
dues by fungi is reported to involve growth 
on simple water-soluble components 
(16,18). In our study, the water-soluble 
fraction represented about 8 to 10% of 
residue weight in treatments at the initia-
tion of the experiment. The soluble frac-
tion decreased more rapidly over time in 
comparison with other residue compo-
nents, and represented an even smaller 
fraction in buried residue treatments. Dif-
ferential reduction in the water-soluble 
fraction of residues may explain, in part, 
the greater colonization by G. zeae of sur-
face residue compared with buried resi-
dues. Following the utilization of soluble 
carbohydrates, hemicellulose and cellulose 
components of residues generally are used 
as carbon and energy sources by fungi 
(18,33). Lignin represented a large propor-
tion of the residue components at later 
stages in this study. Lignin is not readily 
used by all fungi (18) and its higher pro-
portion in residues may have influenced 

which microorganisms were isolated to-
ward the end of this study. 

Wheat residue from which F. graminea-
rum was isolated supported development 
of perithecia and subsequent release of 
mature ascospores. During the first year of 
the study, ascospore production from sam-
pled residue was relatively large; although, 
across treatments, the number declined 
over time within the first year. In both 
years, maximum ascospore production 
occurred in April or May, a time of year 
when perithecia commonly are observed in 
North America (22,39). It seems likely that 
perithecia initiation would start in the field 
by May, allowing perithecia to release 
mature ascospores by the time grasses, 
including cereal crops, begin flowering. 
Results of this study confirm that G. zeae 
has the potential to produce inoculum ca-
pable of infecting wheat plants until the 
residue is completely degraded, as reported 
previously by Khonga and Sutton (22). 
Even when ascospores represent the pre-
dominant form of primary FHB inoculum 
in North America (39), conidia recovered 
from wheat spikes during anthesis indicate 
that conidia also may play a role in the 
primary disease cycle (26) and should be 
considered in future studies of inoculum 
production from residues. 

Residues located on the soil surface, 
which decomposed more slowly compared 
with buried residues, supported the sur-
vival of G. zeae for significantly longer 
periods of time. This suggests that, under 
conservation tillage management practices, 
where significant amounts of residue re-
main on the soil surface, G. zeae would be 
more likely to survive and produce inocu-
lum capable of infecting wheat crops com-

Table 1. Number of ascospores of Gibberella zeae produced on wheat residue pieces recovered from 
four tillage and residue placement treatments sampled from April 1998 to October 1999 

 Ascospores/stems or nodesa  

Sampling date CPS CP7.5 CP15 MP15 LSDb 

Slide methodc      
April 1998 54.9 97.8 48.4 56.1 ns 
May 1998 50.3 72.2 27.1 33.1 34.3 
July 1998 38.6 47.5 20.0 23.3 25.2 
September 1998 49.3 57.8 30.9 27.0 ns 
LSD  ns 38.2 26.7 29.8 … 

Dilution methodd      
April 1998 35.6 19.3 19.1 22.4 ns 
November 1998 10.2 10.0 16.4 11.8 ns 
April 1999 33.8 71.5 30.4 6.9 ns 
May 1999 104.0 40.0 21.0 105.0 58.3 
July 1999 41.6 18.0 13.6 8.9 30.2 
August 1999 8.0 3.1 1.8 nd 6.0 
October 1999 11.6 nd nd nd … 
LSD  46.8 60.6 ns 17.0 … 

a At the time of trial establishment (October 1997), 72 ascospores/cm2 were recovered from the resi-
due, using the slide method; nd = not determined due to insufficient sample size; ns = no significant
difference. Tillage and residue placement treatments were CPS = chisel plowed with residue on the
surface, CP7.5 = chisel plowed with residue buried at 7.5 to 10.0 cm, CP15 = chisel plowed with
residue buried at 15 to 20 cm, and MP15 = moldboard plowed with residue buried at 15 to 20 cm. 

b LSD = least significant difference (P = 0.05). 
c Ascospore numbers determined using the slide method are expressed as spores/cm2. 
d Ascospore numbers determined using the dilution method are expressed as thousands of spores per 

gram of residue. 
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pared with tillage operations that incorpo-
rate residue into the soil. Although tillage 
may aid disease control, Miller et al. (29) 
suggested that residue management prac-
tices alone may not be sufficient to control 
FHB because airborne inoculum can move 
from adjacent areas, including neighboring 
fields with abundant surface residue. How-
ever, tillage to reduce inoculum may be 
practical if it is implemented widely or in 
combination with other disease control 
practices. 

The results of this study demonstrate 
that the resurfacing of previously buried 
Fusarium-infested residues during tillage 
operations may expose these residues to 
conditions favorable for the production of 
perithecia and ascospores. Thus, the resi-
dues of cereals, irrespective of their age, 
are likely to be a source of FHB inoculum. 
Recognizing that G. zeae survives in wheat 
residue for at least 2 years is important, 
and should be noted when decisions on 
crop rotations are considered for FHB 
management. Crop rotations into nonhost 
species may provide a degree of control of 
FHB. In the Red River Valley, crop rota-
tions that include a host of G. zeae only 
once every 3 years may aid in reducing the 
in-field inoculum under reduced tillage 
systems. Nonhost crops that can be incor-
porated into rotations in Minnesota include 
sunflower, edible beans, canola, and forage 
legumes. 

Additional studies to evaluate the effect 
of cultural practices on FHB should in-
clude the examination of long-term rota-
tions with nonhost crops and the use of 
tillage practices that accelerate residue 
breakdown, including chopping and distri-
bution of residue, nitrogen applications, 
green manures, residue burning, and appli-
cation of chemicals such as acetic acid, 
which have been reported to reduce 
perithecial production on crop residues 
(23). Biological control of G. zeae in resi-
dues also could be examined as a control 
option. A better understanding of the fac-
tors that influence the survival and inocu-
lum production of G. zeae in host residues 
likely will aid growers in implementing the 
appropriate practices for the management 
of FHB.  
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